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Abstract

Previous research has reported that elevations in circulating growth hormone (GH) levels in
meat-type chickens depresses feed intake (FI) more than 30%. It is known that the product of the
obese gene, leptin, functions to regulate FI and energy expenditure. To investigate the effect of
GH on leptin gene expression, broiler chickens were infused with recombinant chicken GH. To
separate any secondary effects of a GH-induced reduction in FI on leptin expression, groups of
birds were pair-fed to an average level of voluntary intake similar to GH-treated birds, but
received no GH treatment. GH treatment induced a dose-dependent increase in liver leptin gene
expression, as measured by reverse transcriptase-polymerase chain reaction, whereas leptin
expression in adipose tissue was unchanged. Conversely, in chickens pair-fed (feed-restricted)
there was a decrease in leptin gene expression in both tissues. These results provide evidence of a
direct effect of GH on leptin gene expression, which is independent of any effects on intake
attributable to GH-treatment, and suggest differential regulation of leptin expression between
adipose tissue and liver. The results of these experiments provide the first evidence of a
relationship between GH and leptin in domestic birds. © 1999 Elsevier Science Inc. All rights
reserved.
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1. Introduction

Leptin is the polypeptide hormone product of the obese (ob) gene and functions to regulate
energy homeostasis [1]. Leptin is produced in the periphery and acts to control food intake
(FI) and energy expenditure through a specific receptor in the hypothalamus [2]. Previous
studies have described decreased FI as an effect of growth hormone (GH) treatment in
humans, pigs, and chickens [3–6]. Several recent studies have attempted to identify a
connection between the role of leptin in FI and the role of GH in growth stimulation [7].
Treatment of young pigs with leptin administered by intracerebroventricular injection has
been shown to stimulate GH production [8]. In humans, there have been several reports of
decreased or unchanged circulating leptin concentrations as a result of GH treatment, likely
a result of decreased total fat mass [9,10]. Even though GH has been shown to reduce FI the
functional relationship between GH and FI is relatively unknown.

Our interest lies in understanding the mechanism of FI regulation in meat-type chickens.
We, as well as others, have shown the presence of a leptin homolog in chickens and
expression in both adipose and liver tissues [11,12]. This difference in tissue localization of
leptin expression in mammals, such as rodents, may be attributable to differing avian lipid
metabolism where the liver is the primary source of lipogenesis [13]. Previous studies
demonstrating that increased GH decreases FI in chickens by as much as 30% [14,15]
suggested a possible role for leptin in GH effects on FI. Two experiments were conducted
in this study to measure leptin expression levels in both adipose and hepatic tissues of birds
either treated with recombinant chicken GH (rcGH) or birds pair-fed to the average level of
FI of rcGH-treated birds, but receiving no rcGH treatment.

2. Methods

2.1. Animals and GH treatment

All animal experiments were approved by the Pennsylvania State University Institutional
Animal Care and Use Committee (IACUC) under approval No. 89R1389G197. Chickens
(Petersen X Arbor Acre) were hatched and reared in the Pennsylvania State University
Poultry Research and Education Center. Birds were fed a commercial broiler diet and
maintained under a 16-h light, 8-h dark cycle with constant temperature (23°C). Six-week-
old female broiler chickens with similar body weights were prepared surgically as described
previously [16] by catheterization of the right jugular vein for i.v. delivery of rcGH (Lucky
Biotech Corp./LG Chemical Ltd. Science Town, Taejon, Korea). Because of practical
constraints, this study was completed in two experimental replicates. The i.v. infusions were
performed as described previously [5] with administration of rcGH (dissolved in 0.025M

Na2CO3, pH 9.4 with 0.1% chicken serum albumin [17]) by a microprocessor infusion pump
in a pulsatile manner for 7 consecutive d. Chicken GH was administered at five dosages (0,
10, 50, 100, and 200 g/kg bwt/d) (n 5 4–5), and birds were fed ad libitum and FI measured.
A significant reduction in feed intake of 7.3% and 19.2% was observed in birds treated with
100 and 200mg/kg bwt/d of rcGH (averaged over the last 3 d of the 7-dtreatment period),
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respectively [18]. Immediately after delivery of a pulse on d 7, birds were killed and tissues
(liver and abdominal fat pad) were harvested immediately, frozen in liquid nitrogen, and
stored at280°C until further analysis. Pair-feeding experiments were conducted similarly,
but with no administration of rcGH, by restricting feed to FI levels of rcGH-treated birds,
which exhibited significantly depressed FI relative to controls. These were 93% and 81% of
controls, based on the FI of the 100 and 200mg/kg bwt/d rcGH treatments, respectively. On
the seventh day of feed restriction, the pair-fed birds were killed and tissues were harvested
as described previously.

2.2. RT-PCR assay for leptin expression

Total RNA was isolated from collected tissues using the TRI-Reagent procedure (Life
Technologies, Rockville, MD) and quantitated spectrophotometrically at 260 nm, with
acceptable 260/280 ratios of. 1.7. MMLV reverse transcriptase (RT) (Promega, Madison,
WI) was used to reverse transcribe 10mg of total RNA isolated from both liver and adipose
tissue of the rcGH-treated and pair-fed birds using an oligo dT [18] primer in a total reaction
volume of 50ml. After the RT reaction, aliquots of 0.25, 0.5, 1.0, 2.5, 5.0, 7.5, and 10ml
were used as cDNA template for polymerase chain reaction (PCR) amplification, in dupli-
cate, using an MJ Research PTC-100 programmable thermal controller (Watertown, MA)
with Taq polymerase (Promega, Madison, WI). The thermal cycling parameters used were:
30 cycles, 94°C for 1 min, 62°C for 1 min, and 72°C for 1 min. These PCR reactions (50ml)
included the chicken leptin specific primer pair; sense LepUp2, 59–CGTCGGTATCCGC
CAAGCAGAGGG; antisense Lep-Dn2 59–CCAGGACGCCATCCAGGCTCTCTGGC, that
produce a 261-base pair (bp) amplification product. As an internal control for the integrity
of the mRNA in each sample, additional oligonucleotide primers specific for chickenb-actin
that produce a larger product (612 bp) were included in single (multiplexed) PCR reactions.
Aliquots of 2.5 and 5.0ml from the RT reactions (linear range of amplification/detection)
were used in the quantitative measurements for continuity of all unknown samples, which
may underestimate leptin levels in birds treated with 200mg/kg bwt of rcGH. The reaction
products were separated by agarose gel electrophoresis (2%), stained with ethidium bromide,
and quantified by UV transillumination and video capture by an ALPHA INNOTECH gel
documentation workstation. Samples were normalized to the quantity ofb-actin signal
produced by RT-PCR, and quantified for leptin expression by arbitrary units permg of
starting total RNA (n 5 4–5). Care was taken to measure DNA amplification product levels
over the linear range of UV detection of ethidium bromide staining. Quantitative data
obtained from this RT-PCR method has been verified previously by Northern analysis [11].

2.3. Statistical analyses

Statistical analyses were performed using the Student’st test to determine the significance
of hormone-treatment differences in leptin expression levels. Nonlinear regression analysis
of rcGH treatment effects on leptin expression was performed using the KaleidaGraph
software package for Macintosh (version 3.0.2).
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3. Results

Analysis of leptin expression by RT-PCR in tissues of chickens treated with rcGH
indicated an increase in leptin mRNA levels. To determine the extent of the RT-PCR based
assay to accurately measure leptin mRNA levels, tissues with variable leptin expression
levels were examined by varying the amount of starting cDNA in the PCR amplification. The
linear range of detection of leptin andb-actin mRNAs were from 0.5 to 5ml of reverse
transcriptase derived cDNA for all expression levels (Fig. 1). Use of both 2.5 and 5ml
volumes of cDNA in the standard assay PCR amplifications allowed for an average level of
leptin expression to be measured for each tissue type from both high and low mRNA level
tissues.

The leptin expression level in omental adipose tissue of control chickens was significantly
different (P, 0.001) and consistently about half of that found in an equivalent amount of
total RNA isolated from liver as described previously [2]. Leptin expression is increased
upon treatment with rcGH in the chicken liver (Fig. 2, Panel A). This increase in leptin
mRNA, normalized to chickenb-actin expression levels, is significant (P, 0.05) at doses
of as little as 50mg/kg bwt/d (Table 1 and Fig. 2, Panel B). There is no change in the level
of leptin expression in omental adipose tissue as a result of rcGH treatment. An apparent
dose-response for rcGH treatment is observed, upon comparison of leptin mRNA levels
measured in hepatic tissues (Fig. 2, Panel B).

To eliminate any secondary nutritional effects of reduced FI by rcGH treatment on leptin
expression pair-feeding experiments were performed. In contrast with the results observed

Fig. 1. RT-PCR assay for leptin expression. At 30 cycles of amplification, the linear range of leptin mRNA
detection in tissues with the highest expression levels (liver from 200mg/kg/d rcGH-treated birds) extended from
0.5 to 5ml of cDNA produced by RT. Using this determination, the volumes of 2.5 and 5ml were used for
evaluation of leptin expression because of both the need to measure the lowest leptin expression levels (PF-200)
as well as mRNA levels some 20-fold higher (GH-200). Measurement ofb-actin mRNA levels were also well
within the linear range of detection from 0.5 to 5ml of cDNA included in the PCR reaction.
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with rcGH treatment, birds pair-fed to FI levels of those treated with 100 and 200mg/kg
bwt/d rcGH, showed marked decreases in leptin expression in both adipose and hepatic
tissues (Fig. 3, Panel A and Table 2). This decrease was approximately 50% of control leptin
levels when normalized tob-actin expression (Fig. 3, Panel B).

Fig. 2. Leptin expression in rcGH treated birds. (Panel A) Leptin expression was quantitated by normalization of
each lane by the ethidium bromide staining of theb-actin RT-PCR product. The effect of rcGH on leptin
expression in both liver (L) and adipose (A) tissues is indicated by the leptin band intensity for each treatment.
(Panel B) The effect on leptin expression is expressed as then-fold difference from that of controls for each rcGH
treatment. Those rcGH treatments that caused significant differences (P, 0.05) in leptin expression are indicated
by “*”. The dose response curve for the induction of hepatic leptin expression follows the polynomial equation
Y 5 1.0551 0.000531x1 0.0000589x2, R2 5 0.998.

Table 1
Quantitation of leptin mRNA levels: Effects of rcGH treatment

rcGH treat.
mg/kg bwt/day
(n 5 4)

Liver leptin
(U/mg 6 SD)

Liver
Sig. Level

n-fold liver
expression
(relative to GH-O)

Adipose
leptin
(U/mg 6 SD)

Adipose
Sig. Level

n-fold adipose
expression
(relative to GH-O)

GH-0 20196 63 – 1.06 0.12 8976 38 – 1.06 0.10
GH-10 22896 178 p, 0.23 1.156 0.14 8566 23 p, 0.56 0.916 0.08
GH-50 31136 220 p, 0.04 1.536 0.19* 9196 44 p, 0.11 1.196 0.12
GH-100 47616 398 p, 0.001 2.126 0.25* 9416 40 p, 0.34 1.126 0.10
GH-200 91196 484 p, 0.001 4.486 0.56* 9776 51 p, 0.06 1.246 0.12

* Increasing GH treatment significantly increases leptin mRNA levels in liver, but not in adipose tissue.
rcGH treatments that caused significant differences (P, 0.05) in leptin expression are indicated by “*”.
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4. Discussion

The results of this study present a novel observation that circulating GH levels affect
leptin expression and may thus modulate voluntary food consumption in chickens. Corre-
lations between leptin mRNA levels and circulating leptin have been shown in rodents [19]
and require the development of a valid assay for circulating chicken leptin or a suitable
antibody for Western blot analysis [20]. Previously, GH was not shown to have an effect on
leptin secretion by cultured adipocytes [21]. Our observation complements previous studies

Fig. 3. Leptin expression in pair-fed birds. (Panel A) The effect of feed restriction (pair-feeding) on leptin
expression in both liver (L) and adipose (A) tissues is indicated by the leptin band intensity for each treatment.
(Panel B) The percent of normal feed intake is indicated for each group in boxed areas. The effect on leptin
expression is expressed as then-fold difference from that of controls for each rcGH treatment. Those rcGH
treatments that caused significant differences (P, 0.05) in leptin expression are indicated by “*”.

Table 2
Quantitation of leptin expression levels: Pair-feeding

RcGH treat
(% normal F1)
(n 5 5)

Liver leptin
(U/mg 6 SD)

Liver
Sig. Level

n-fold liver
expression
(relative to PF-0)

Adipose leptin
(U/mg 6 SD)

Adipose
Sig. Level

n-fold adipose
expression
(relative to PF-0)

PF-0 (100%) 20196 63 – 1.06 0.12 8426 27 – 1.06 0.15
PF-100 (93%) 13936 58 P, 0.003 0.696 0.09* 6686 51 P, 0.06 0.786 0.12
PF-200 (81%) 9636 66 P, 0.001 0.486 0.06* 4276 43 P, 0.001 0.516 0.08*

* Reduction in FI causes a significant decrease in leptin mRNA levels in both liver and adipose tissue.
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that have shown a reduction in NPY as a result of rcGH treatment in chickens [18]. The
regulation of NPY production in the hypothalamus by leptin has been well documented in
mammals [22]. It is therefore plausible to propose that GH regulates NPY production by way
of leptin induction. Studies in pigs treated with intracerebroventricular injection of leptin not
only found reduced FI, but also increased GH secretion [8]. The induction of hepatic leptin
expression is apparently not associated with IGF-I upregulation by GH in the chicken liver
due to previous studies showing no effect of IGF-I treatment on leptin expression in chickens
[11]. These findings suggest a unique inter-relationship between GH and leptin [23]. The
chicken may be a suitable model in which to study this relationship, because of the robust
response of leptin to GH treatment, evidence that leptin directly affects FI [24], and
similarities between the feeding control mechanisms of birds and mammals [25].

Results of the pair-feeding studies reflect comparable results to many studies in rodents
and humans on the leptin response to reduced FI [26]. A study in pigs has shown similar
reductions in leptin expression in domestic animals as a result of food deprivation [27].
Typical decreases in leptin expression are in the range of 40–60% on deprived diets (25%
of maintenance) in both pigs and rodents. The same degree of leptin mRNA depression was
observed in chickens fed 80% of normal intake.

These results suggest a more precise control of FI by leptin in birds than in mammals [26].
Future studies are needed to resolve the extent of interplay between leptin and GH in
regulating FI in light of their apparent costimulatory behavior.
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